Composition and diversity of mucosa-associated microbiota along the entire length of the pig gastrointestinal tract; dietary influences.
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Originality-Significance Statement
This paper shows that diet modulates mucosa-associated microbiota along the entire length of the intestinal tract. This opens up the possibility of using dietary strategies to modify mucosa-associated microbiota preventing bacterial-associated gut disorders.

Summary
[bookmark: _GoBack]Mucosa-associated microbial populations of the gastrointestinal tract are in intimate contact with the outer mucus layer.  This proximity offers these populations a higher potential, than lumenal microbiota, in exerting effects on the host.  Functional characteristics of the microbiota and influences of host- physiology shape the composition and activity of the mucosa-associated bacterial community.  We have shown previously that inclusion of an artificial sweetener, SUCRAM, included in the diet of weaning piglets modulates the composition of lumenal-residing gut microbiota and reduces weaning-related gastrointestinal disorders.  In this study, using Illumina sequencing we characterised the mucosa-associated microbiota along the length of the intestine of piglets, and determined the effect of SUCRAM supplementation on mucosa-associated populations.  There were clear distinctions in the composition of mucosa-associated microbiota, between small and large intestine, concordant with differences in regional oxygen distribution and nutrient provision by the host.  There were significant differences in the composition of mucosa-associated compared to lumenal microbiota in pig caecum.  Dietary supplementation with SUCRAM affected mucosa-associated bacterial community structure along the length of the intestinal tract.  Most notably, there was a substantial reduction in predominant Campylobacter populations proposing that SUCRAM supplementation of swine diet has potential for reducing meat contamination and promoting food safety.


Introduction
The microbiota of the gastrointestinal tract has profound influence on host nutrition, immune stimulation, and protection against pathogens.  Perturbations in the stability of gut microbial population disposes the host to enteric disorders, pathogenic invasion and disease (Macfarlane et al., 2009; Sartor and Mazmanian, 2012).  Understanding gut microbial community structure and population dynamics in symbiosis and dysbiosis is fundamental in developing strategies to ameliorate enteric disorders and promoting the establishment of a more beneficial gut-microbiota ecosystem.
Recent developments in molecular biological techniques, such as next-generation sequencing, have transformed the way in which microbial ecosystems can be studied, providing highly detailed information on diverse bacterial populations in different environments.  Using these approaches extensive studies have been carried out to characterise gut microbiota, mainly employing faecal samples.  Relatively little work has been done on the microbiota present in more proximal regions of the gut or those living within the outer mucosal layer, which may be dissimilar to the faecal microbiota.  Moreover, whilst effects of diet/dietary supplements on gut microbiota have become evident, investigations into dietary influence on mucosa-associated microbiota are few (Zoetendal et al., 2002; Bik et al., 2006; Ahmed et al., 2007; Mann et al., 2014; Daly et al., 2016).
Environmental conditions throughout the mammalian gastrointestinal tract vary longitudinally (proximal to distal) and radially (mucosa to lumen), creating a range of divergent microenvironments, each supporting distinct microbial populations (Stearns et al., 2011; Zhao et al., 2015).  The small intestine is characterised by increased oxygen levels (He et al., 1999), antimicrobials (Bevins and Salzman, 2011) and a faster transit time (Schwarz et al., 2002) in comparison to the large intestine.  In the small intestine, there is also an abundance of simple carbohydrates for which the bacteria and host are in direct competition (Zoetendal et al., 2012).  Substrate availability in the colon comprises mainly of complex carbohydrates, such as non-starch polysaccharides, that resist digestion in the small intestine.
Furthermore, the ecosystem within the outer mucosal layer is distinct from that in the lumen.  A steep declining oxygen gradient exists from the mucosal tissue into the lumen, creating a microenvironment within the mucosa which is often enriched with oxygen-tolerant populations (Albenberg et al., 2014).  The abundance of mucin glycoproteins (McGuckin et al., 2011) and the close proximity to host tissue also provides mucosa-associated bacteria with additional nutrient sources.  This close interaction between host and bacteria also offers the mucosal microbial community with a higher potential to exert effects on the host than lumenal populations.  It has been suggested that this community provides a line of defence against pathogens, modulates the immune system and contributes to gut-brain communication (Leser and Molbak, 2009; Macfarlane et al., 2011).
In this study we have characterised the profile of the mucosa- associated microbiota along the length of the intestine in early weaned piglets and have assessed similarities/differences between mucosal and lumenal populations.  Commercially, piglets are weaned as early as 28 days to increase pig production.  However, an immature intestinal immune system disposes them to enteric disorders and increased mortality (Konstantinov et al., 2006; Lallès et al., 2007).  Supplementation of the piglets diet with the artificial sweetener, SUCRAM [consisting of neohesperidin dihydrochalcone (NHDC) and saccharin], increases the population abundance of beneficial Lactobacillus species in the lumenal contents (Daly et al., 2015) reducing the prevalence of enteric disease (Sterk et al., 2008).  Here, we have determined the effect of SUCRAM on the mucosa-associated gut microbiota of piglets weaned to a diet supplemented with this artificial sweetener.
We show that mucosa-associated microbiota along the longitudinal axis of the small and large intestine is dominated by Bacteroidetes, Firmicutes and Proteobacteria.  Duodenal- and jejunal-associated microbial communities were almost exclusively prevailed by Proteobacteria, principally by OTUs relating to Campylobacter coli and Helicobacter rappini.  In contrast, Bacteroidetes and Firmicutes, present at relatively low levels in the duodenum and jejunum, steadily increased in abundance along the length of the intestine, becoming dominant phyla within the proximal colon.  Moreover, we demonstrate population differences between mucosa-associated and lumenal communities and report on the effects of dietary supplementation with SUCRAM, particularly on predominant populations of Campylobacter coli.  The latter finding proposes the potential of using dietary strategies to modify mucosa-attached microbiota with attendant promise to prevent bacterial associated gut disorders.


Results
Characterization of pig intestinal mucosa-associated microbiota
To investigate the community structure and diversity of pig intestinal mucosa-associated microbiota, DNA was extracted from mucosal scrapings taken from duodenum, jejunum, ileum, caecum, proximal colon and distal colon of 28-day old piglets weaned to a defined basal diet (BD) and maintained on this diet for a period of two weeks (see Materials and methods for animals and Daly et al., 2015 for dietary composition).
Illumina MiSeq sequencing of 16S rRNA gene amplicons, encompassing the hypervariable V4 region, was employed to describe the composition and diversity of the mucosa-associated microbial community (Illumina sequencing data has been deposited in the European Nucleotide Archive (ENA) under project accession number PRJEB14756).  The average number of assembled sequence reads per sample was over 400,000, with a mean read length of 250 bp.  Rarefaction analysis revealed plateauing curves for all samples, indicating that the majority of microbial diversity within the pig gastrointestinal mucosa had been sufficiently captured.  Using a dissimilarity threshold of 3% sequence divergence to classify operational taxonomic units (OTUs) and a relative abundance threshold of 0.01%, we were able to identify 383 distinct OTUs residing within the intestinal mucosa of these pigs.
Phylum-level analysis of the pig mucosa-associated microbiota revealed that all regions of the intestinal tract were dominated by three major bacterial phyla, Bacteroidetes, Firmicutes and Proteobacteria (Fig. 1A).  Although ubiquitously dominant within the intestinal tract, each of the three phyla exhibited distinct profiles along the length of the intestine (Fig. 1B).  Duodenal and jejunal-mucosa-associated microbial communities were almost exclusively dominated by Proteobacteria (mean abundance 81% and 80% respectively).  In the ileum and the large intestine however, the levels of Proteobacteria reduced dramatically, albeit still comprising major populations, reaching their lowest levels in the proximal colon (mean 27% of total) (Fig. 1B).  Bacteroidetes and Firmicutes displayed an opposite profile to Proteobacteria, being present at relatively low levels in the duodenum (mean 5% and 13% respectively), then steadily increasing longitudinally throughout each gut section of the small and large intestine to become the dominant phyla within the proximal colon (35% and 36% on average respectively) (Fig. 1B).  Notably, all three phyla exhibited the opposing response within the distal colon, which showed an increase of Proteobacteria (mean 49%) and a decrease of Bacteroidetes (mean 22%) and Firmicutes (mean 27%) in comparison to the proximal region of the colon (Fig. 1B).
Phylogenetic classification of the mucosa-attached microbiota across the dataset identified 15 major bacterial families encompassing 6 bacterial classes: Actinobacteria, Bacteroidia, Bacilli, Clostridia, Epsilonproteobacteria and Gammaproteobacteria.  In the small intestine (duodenum, jejunum, ileum) Epsilon- and Gammaproteobacteria were the dominant classes, comprised mainly of three families, Campylobacteraceae, Helicobacteraceae and Enterobacteraceae, accounting for average levels of 40%, 23% and 10% of total bacteria respectively (Fig. 1C).  In the large intestine (caecum, proximal colon, distal colon) however, the abundance of Bacteroidia and Clostridia increased with Prevotellaceae, Lachnospiraceae, Ruminococcaceae and Veillonellaceae all becoming major constituents of the mucosa-associated microbiota (mean abundance 19%, 6%, 11% and 9% of total respectively) (Fig. 1C).
In general, these predominant families were represented by one or two very highly abundant OTUs, which usually accounted for the majority of that particular family within the mucosa.  The most dominant OTU throughout the entire length of the intestinal tract (designated OTU3063) showed 100% sequence identity to Campylobacter coli.  In both the duodenum and jejunum, this Campylobacter-OTU accounted for a mean abundance of over 50% of the entire mucosal microbiota, and was the most abundant single OTU in all gut regions except ileum and caecum (Fig. 2A).
The majority of intestinal regions also harboured a consistently high level of Helicobacteraceae, comprised of a small number of OTUs whose abundance was correlated with specific intestinal regions.  One of these OTUs (OTU2377), with 100% sequence identity to Helicobacter rappini, represented a substantial proportion of the mucosal microbiome within the duodenum and jejunum (mean abundance of 24% in both regions) (Fig. 2B), whilst an unclassified Helicobacter-OTU (OTU1319) was the most abundant OTU within the caecum (mean 18% of total) (Fig. 2C).
Similarly, the majority of Prevotellaceae abundance was due to a single OTU (OTU3059), showing 100% sequence identity to Prevotella copri (Fig. 2D), with the abundance of Lachnospiraceae, Ruminococcaceae and Veillonellaceae also due mainly to two or three individual OTUs.
Although many microbial groups exhibited a consistent presence throughout the length of the pig intestinal tract, the overall composition of the mucosa-associated microbiome was found to be significantly associated with gut location (ANOSIM R: 0.32, P < 0.001, weighted Unifrac).  Not surprisingly, the strongest correlation between microbial community membership and gut location was observed between small and large intestinal bacterial populations (ANOSIM R: 0.43, P < 0.001, weighted Unifrac).  PCoA results illustrate this clearly, revealing a distinct separation of bacterial community structure when grouped by small and large intestine (Fig. 3A).  The mucosa of the large intestine also harboured a significantly higher level of microbial diversity in comparison to the small intestine (P < 0.05, Shannon diversity index).  This can also be seen by the number of distinct OTUs observed in each region; the mucosa of the small intestine of each pig containing an average of 42 OTUs, with the mucosa of the large intestine having an average of 79 OTUs (minimum 0.1% of total) (P < 0.001).  The mean number of OTUs representing at least 1% of the total mucosa-associated microbiota was also increased in the large intestine (mean of 16) compared to small (mean of 9) (P < 0.01).

In total, over 150 phylotypes exhibited significant differential regional abundances (P < 0.05) between the mucosa-associated microbiome of the small and large intestine.  The previously mentioned H. rappini-OTU (OTU2377), which accounted for a mean abundance of 18% within the small intestine microbiome, was present at significantly lower levels in the large intestine (mean 4%) (P < 0.05) (Fig. 2B).  In contrast, Helicobacter-OTU1319 was present at significantly lower levels in the small intestine (mean 0.1%) compared to the mucosa of the caecum (mean 18%) (P < 0.05) (Fig. 2C).  One other notable difference, within the Proteobacteria, between the mucosal microbiota of the small and large intestine was the 15-fold reduction of Escherichia coli-OTU2459 from a mean of 6% of the total mucosa-associated microbiota in the ileum down to 0.4% in the large intestine (P < 0.05) (Fig. 2E).
Within the large intestine, there was a significant mucosal enrichment of OTUs classified as fibre degraders and/or short chain fatty acid (SCFA) producers compared to the small intestine, specifically within the Prevotellaceae (5.1-fold), Lachnospiraceae (3.5-fold), Ruminococcaceae (2.8-fold) and Veillonellaceae (3.4-fold) families (P < 0.05).  This is consistent with the role of large intestinal bacterial populations in fibre fermentation and SCFA production.  The Prevotellaceae family was particularly enriched within the large intestine, with the previously mentioned P. copri-OTU3059 increasing from a mean abundance of 2% to almost 8% of total from small to large intestine (P < 0.01) (Fig. 2D).  Within the Lachnospiraceae, Ruminococcaceae and Veillonellaceae families, OTUs classified as Roseburia (OTU3055), Faecalibacterium (OTU1672) and Megasphaera (OTU12) also demonstrated similar fold increases in the large compared to the small intestine (P < 0.01) (Fig. 2F-H).
Notably, determination of total 16SrRNA gene copy number, by quantitative PCR, showed that the density of mucosa associated bacteria increased aborally in the intestine, with significantly higher copy numbers in the proximal and distal colon compared to duodenum and jejunum (P<0.05) (Fig. 4).
Comparison of the mucosa-associated and luminal microbiota of pig caecum
We determined potential differences in microbial populations between those residing within the mucosa compared to those in the lumen.  To this end, 16S rRNA genes amplified from caecal contents and mucosal scrapings of pigs were sequenced.  Interestingly, bacterial composition differed significantly between the two sample types (ANOSIM R: 0.66, P < 0.001, Weighted Unifrac,).  As shown in Fig. 3B there is a distinct separation of lumenal content bacteria from those associated with the outer mucosal layer.  Furthermore, lumenal content harboured a significantly more diverse microbiota than the mucosa-associated population (P < 0.05, Shannon diversity index).
ANOSIM and PCoA analyses demonstrated that there were substantial differences between the microbiota of the caecal lumen and mucosa, with 57 OTUs identified as differentially abundant between the two locations (P < 0.05).  Composition of the caecal mucosa-associated microbiome was characterised by a dominance of Proteobacteria, namely Campylobacteraceae and Helicobacteraceae, and lack of Bacteroidetes and Firmicutes, in comparison to the lumenal content microbiota (Fig. 5).
Helicobacteraceae accounted for 32% of the total microbial community within the mucosa but less than 0.1% in the lumen (P < 0.05) (Fig. 5).  This was primarily attributable to the significant mucosal enrichment of the dominant large intestinal Helicobacter-OTU1319, which accounted for almost one fifth of the caecal mucosa-associated microbiota (mean 18%), but was present at negligible levels within the lumen (<0.1%) (P < 0.01) (Fig. 6A).  Levels of C. coli-OTU3063 were also significantly higher within the caecal mucosa compared to the lumenal contents, increasing from a mean abundance of 0.6% in the lumen to over 15% within the mucosal layer (P < 0.05) (Fig. 6B).
Members of the Prevotellaceae were substantially reduced within mucosa-associated communities in comparison to those residing in the lumen.  Altogether 98 Prevotella-OTUs were significantly lower in abundance between the mucosa and the lumen of the caecum, with one particular OTU (OTU3059), most closely matching P. copri, reducing from a mean abundance of 17% of total in the lumen to 6% within the mucosal layer (P < 0.05) (Fig. 6C).
A number of other OTUs were also found at a lower abundance in the caecal mucosa compared to the lumen, including those classified as Roseburia (within the Lachnospiraceae family) and Megasphaera (within the Veillonellaceae) (P < 0.05).

The impact of dietary supplementation with the sweetener SUCRAM on mucosa-associated microbial communities
We have previously investigated the effect of dietary supplementation with the artificial sweetener SUCRAM upon the microbiota within the lumenal contents of the pig caecum.  This sweetener is now routinely included in the diet of weaning piglets on a commercial basis.  Our results demonstrated that SUCRAM profoundly influences the composition and activity of the lumenal caecal microbiome (Daly et al., 2015).  In this paper, we sought to determine if this sweetener may also affect the mucosa-associated microbiota of the intestine.
Indeed, the addition of SUCRAM to the piglets’ diet had a significant impact on the composition of the mucosa-associated microbiota throughout the entire length of the intestinal tract (Fig. 7) (P < 0.05).  In the small intestine, the relative abundance of 76 mucosa-associated OTUs were significantly different between pigs weaned to the basal diet (BD) compared to those weaned to the SUCRAM-supplemented diet (BD+S) (P < 0.05), whilst a total of 81 were significantly altered in the large intestine (P < 0.05).
There were pronounced differences in composition of the mucosa-associated microbiota of the duodenum, jejunum and ileum in response to consumption of BD+S diet.  The major effect was a dramatic shift in the population abundance of the two predominant families within these intestinal regions, Campylobacteraceae and Helicobacteraceae (Fig. 7).  Relative abundance levels of total Campylobacteraceae were dramatically lower in the small intestine of BD+S pigs (0.3%) compared to BD pigs (40%) (P < 0.01) due to the significant depletion of the predominant C. coli-OTU3063 (Fig. 8A).  Although relative abundance of this OTU was significantly reduced within the small intestine overall (P < 0.05), the response to dietary supplementation with SUCRAM was strongest in the duodenal mucosa, where its mean relative abundance was reduced > 200-fold compared to BD pigs (from 57% to 0.2%; P < 0.05) (Fig. 8A).  This OTU was also maintained at greatly reduced levels throughout the large intestine of BD+S-fed pigs (from 24% to 6% of total; P < 0.05) (Fig. 8A).
Quantitative analysis of total 16SrRNA gene copies in the duodenum and jejunum of BD+S pigs showed no significant differences in comparison to BD pigs (data not shown), equating to a comparative reduction in 16S rRNA gene copy number for C. coli-OTU3063 of over 99% and 96% in the duodenum and jejunum of BD+S pigs respectively (P<0.001 for both) (Fig. 9).
There was an opposite profile for Helicobacteraceae in the small intestinal mucosa of pigs weaned to the BD+S diet, increasing significantly from a mean abundance of 23% in BD pigs to 60% in BD+S pigs (P < 0.01) (Fig. 7).  The difference in total Helicobacteraceae abundance was determined by the significant enrichment of H. rappini-OTU2377 (Fig. 8B).  In response to dietary supplementation with SUCRAM, this individual OTU accounted for 50% of the total mucosal microbiota, thereby representing the most abundant OTU in the entire small intestinal mucosa of BD+S pigs.  However, this response was limited to the small intestinal tract, with no significant sweetener-induced differences in Helicobacteraceae abundance in the large intestine (Fig. 7).
Within the large intestine, the effects of SUCRAM supplementation were distinct from those observed in the small intestine and mainly involved specific OTUs within the Bacteroidetes and Firmicutes phyla (Fig. 7).  In particular, there was a 16-fold higher abundance of one particular Lactobacillus-OTU (OTU2018), related to Lactobacillus gasseri, with a mean abundance of 0.3% in the mucosa of the large intestine of BD pigs compared to 5% in BD+S pigs (P < 0.05) (Fig. 8C).


Discussion
The gut contains a diverse microbiota with a large potential to influence host health.  The mucosa-associated microbiome, residing within the outer mucus layer holds a notable position in the intestine.  They play an important role in determining bacterial-triggered host immune activation and gut brain communication (Bienenstock et al., 2015; Mayer et al., 2015; Min and Rhee, 2015; Thaiss et al., 2016).
Thus, characterisation of this microbial community is highly informative to our understanding of host-microbiome interactions, in both health and disease.
In this study, using next-generation Illumina sequencing, we show that the composition of the pig mucosa-associated microbiota is largely influenced by gut location, with distinct separation between small and large intestinal populations.  We demonstrate that the small intestine is dominated by Proteobacteria, while Bacteroidetes and Firmicutes are the most prevalent phyla in the large intestine.
There are several factors that may be responsible for this shift in bacterial community profile.  Physicochemical conditions and substrate availability differ aborally through the intestinal tract, creating a range of divergent microenvironments that can promote distinct microbial populations (Stearns et al., 2011; Zhao et al., 2015).  Proximity to the mucosal layer exposes the mucosa-associated microbiome to a host-derived oxygen source (Marteyn et al., 2010; Albenberg et al., 2014), promoting the growth of oxygen-tolerant populations such as members of the Proteobacteria.  However, mucus thickness and viscosity increases longitudinally along the length of the intestinal tract (Atuma et al., 2001; Johansson et al., 2008), creating a diffusion barrier and reducing oxygen tension in the mucosa of the large intestine (Moran, 2014).  This condition promotes the enrichment of anaerobic oxygen-sensitive communities such as Bacteroidetes and Firmicutes.
Many groups within the Bacteroidetes and Firmicutes proliferate by hydrolysing dietary fibre and complex carbohydrates.  The findings that Prevotella, Ruminococcaceae, Lachnospiraceae and Veillonellaceae are highly abundant in the mucosa of the caecum and proximal colon of pigs but decline in the distal colon, where amounts of complex carbohydrates become limiting, suggest that substrate availability is also a major factor for dynamics of mucosa-associated populations.
One interesting aspect of our investigations is the predominance of only a small number of distinct OTUs.  We have identified 382 OTUs resident in the pig intestinal tract mucosa, with each individual pig harbouring an average of 42 OTUs in the small and 79 OTUs in the large intestine (> 0.1% relative abundance).  However, the contribution of just the 10 most abundant OTUs, within each intestinal region, encompasses 57%-88% of the total microbiota in the small and between 29%-66% in the large intestine.  Furthermore 4 OTUs that were common to the top 10 most abundant in both regions (OTU3063, OTU2377, OTU3059 and OTU1672; Fig. 2) accounted for between 24%-74% of total in the small intestine and between 14%-52% in the large intestine.  These data raise the possibility of the existence of a core mucosa-associated microbiome in the pig intestine, as has been recently postulated for the gut microbiota of humans and other species (Tap et al., 2009; Turnbaugh et al., 2009; Roeselers et al., 2011; O’Donnell et al., 2013; Wong et al., 2013; Dill-McFarland et al., 2014).
Differences in the composition of the mucosa-associated microbiota to those residing within the lumen have been identified in a number of studies (Zoetendal et al., 2002; Nava et al., 2011; Galley et al., 2014) and the results shown here support these observations.  Oxygen diffusion from the host capillary network creates a microenvironment within the mucosa that can support oxygen-tolerant microaerophilic species (Albenberg et al., 2014).  Indeed, a recent study revealed that mucosal bacteria consume the majority of available oxygen, limiting its diffusion into the lumen (Albenberg et al., 2014).  Here, we observed that the mucosal layer of the caecum is enriched with the microaerophilic families Campylobacteraceae and Helicobacteraceae (Kelly, 2001), in comparison to the caecal lumen where they are almost completely absent.  Both these groups are adept at survival within the outer mucus layer, owing to their microaerophilic metabolism, effective flagella-propelled motility in a viscous environment (Szymanski et al., 1995; Kelly, 2001; Beeby, 2015) and mucin-colonising abilities (Mahdavi et al., 2002; Naughton et al., 2013).
Within the lumen of the caecum, we observed a significant enrichment of the obligate anaerobe family Prevotellaceae, in comparison to the mucosa.  The ability of many Prevotellaceae to degrade complex carbohydrates (Shah and Collins, 1990; Hayashi et al., 2007), and their intolerance to oxygen, are likely reasons for their high abundance in the lumen.  Moreover, other carbohydrate-fermenting species such as Faecalibacterium and Roseburia were also found at significantly higher levels in the lumen compared to the mucosa.  Interestingly, although members of the Prevotellaceae were more abundant in the lumen, notable levels were also observed amongst the mucosal microbiome, where they comprised approximately one fifth of the entire community.  Certain Prevotellaceae have well established mucin-degrading capabilities (Wright et al., 2000).  Therefore the mucosal layer provides an additional nutrient source, and although the aerobic microenvironment of the mucosa may be expected to restrict the growth of Prevotellaceae, strain-level variation in oxygen tolerance (Silva et al., 2003) may help to explain its significant presence in the mucosa-associated microbiome (Looft et al., 2014; Mann et al., 2014; Yasuda et al., 2015).  These data suggest that both oxygen tension and substrate availability play major roles in shaping the composition of, and defining differences between, the mucosa-associated and lumenal microbiomes.
The supplementation of the diet with the artificial sweetener SUCRAM had a marked effect on the composition of the mucosa-associated microbiota along the entire length of the intestinal tract, emphasising the conclusion made by Daly et al. (2015) that supplementation of the diet with SUCRAM has a major influence on bacterial community structure in the pig intestine.  Indeed, the significant increase in probiotic Lactobacillaceae population abundance reported by Daly et al. (2015) in the caecal contents of pigs fed the BD+S diet compared to the BD diet, was also observed here both within the caecal lumen and mucosa-associated microbiota.  Our investigation into the underlying mechanisms (Daly et al., 2015) demonstrated that NHDC (a sweetener component of SUCRAM) significantly reduces lag phase of growth of Lactobacillus and enhances expression of specific sugar transporters, independent of NHDC metabolism.  Our experimental evidence suggested that sensing of NHDC by a bacterial plasma membrane receptor underlies NHDC-induced proliferation of Lactobacillus (Daly et al. 2015).
In this study, one of the more notable and pertinent effects of dietary supplementation with SUCRAM is the dramatic reduction in abundance of the Campylobacteraceae, and in particular Campylobacter coli (OTU3063), not only in terms of relative, but also absolute population abundance.
Campylobacter coli is a common commensal inhabitant of the pig gastrointestinal tract (Harvey et al., 1999), with 50% - 100% prevalence and excretion levels varying from 102 to 107 CFU g−1 faeces (Alter et al., 2005; Jensen et al., 2005).  While it does not normally cause enteric disease in pigs (Aguilar et al., 2014), a recent study (Burrough et al. 2013) reported that in up to 15% of pig diarrhoeal disease cases, Campylobacter was the sole infectious agent.
Perhaps of more importance from a human perspective is that campylobacteriosis is one of the most frequently reported zoonotic bacterial infections, with estimates ranging from approximately 800,000 to 2 million people infected with Campylobacter annually in the United States alone (Samuel et al., 2004; Scallen et al., 2011).  Although C. jejuni is considered the principle Campylobacter species causing infection in humans (Allos, 2001), C. coli is now being regarded as one of the major causative agents of food-borne enteritis worldwide, accounting for up to 10% of human campylobacteriosis cases (Gillespie et al., 2002; Tam et al., 2003).  One study in particular identified almost 20% of Campylobacter cultures isolated from human patients as being C. coli (Gurtler et al., 2005).
Furthermore, a recent study has reported up to 10% incidence of Campylobacter contamination of retail pork meat (Korsak et al., 2015); most likely occurring through faecal contact (Boysen and Rosenquist, 2009).  Considering that many strains of Campylobacter have become multi-drug resistant (Bywater et al., 2004; Englen et al., 2005; Bernal et al., 2016; Wang et al., 2016), it is notable that reduction of pig intestinal Campylobacter load can be achieved through the simple supplementation of the diet with SUCRAM, minimising meat contamination.  This has important health implications relating to food safety and avoidance of disease risk worldwide (Niederer et al., 2012).  Moreover, the findings demonstrate that even small dietary changes could have profound effects on the mucosa-associated microbiota, which opens up the possibility that new therapeutic strategies can be developed for bacterial-associated gut disorders.


Experimental Procedures
Animals and collection of samples
Male and female suckling Gloucestershire Old Spot piglets aged 28 days were placed in pairs and housed in standard pens (1.5-m2, 12 h light/dark cycle, 26 °C).  Two groups, each consisting of 8 animals, were weaned to and maintained on the following isoenergetic, 16.76 kJ / g, swine diets (Target Feeds Ltd, Shropshire, UK) for two weeks: (Group 1) a wheat- and soya-based basal diet (BD) containing 42% (w/w) digestible carbohydrates, or (Group 2) the same basal diet but supplemented with 0.015% (w/w) SUCRAM (BD+S) (For composition of diets see Daly et al., 2015).  All animals had free access to food and water at all times with each group consuming the same amount of feed (BD: 405.7 g / day ± 139.6; BD+S: 401.5 g / day ± 204.3).  Animals remained healthy throughout the course of feeding trial, and had no signs of enteric or metabolic disturbances.  After two weeks, piglets were killed with an intravenous injection of pentobarbitone (200 mg/ml Pentoject; AnimalCare Ltd, Yorkshire, UK) to the cranial vena cava (according to UK Home Office Schedule 1 regulations).  Immediately post-mortem, mucosal scrapings from duodenum, jejunum, ileum, caecum, proximal colon and distal colon were removed, washed in ice-cold 0.9% saline, wrapped in aluminium foil and frozen in liquid nitrogen.  All samples were subsequently stored at −80°C.  National/institutional guidelines for the care and use of animals were followed, and all experiments were approved by the University of Liverpool Ethics Committee.

Extraction of bacterial DNA from mucosal scrapings
[bookmark: OLE_LINK1]Nucleic acid was extracted from mucosal scrapings using the method described by Daly & Shirazi-Beechey (2003).  Approximately 0.5 g aliquots of frozen samples were transferred to screw-cap tubes containing SDS, Tris-buffered phenol (pH 8.0) (Sigma-Aldrich Co. Ltd, Dorset, UK) and sterile acid-washed glass beads.  Samples were immediately homogenised using a mini beadbeater (Biospec Corp., Stratech Scientific, Sussex, UK).  The aqueous supernatant was then extracted with phenol-chloroform-isoamylalcohol and treated with DNase-free RNase A to remove any potential contaminating RNA.  Total DNA was precipitated by the addition of sodium acetate and isopropanol.  DNA was resuspended in sterile Tris buffer and purified using the QIAquick PCR purification kit (Qiagen, Sussex, UK) before storage at −80°C.  Purified DNA was quantified using PicoGreen Assay (Life Technologies Ltd, Paisley, UK) and integrity was assessed by agarose gel electrophoresis.  We have observed that rapid freezing of samples in liquid nitrogen, followed by homogenisation in a buffer containing phenol, is an effective method for inactivating nuclease activity (Daly & Shirazi-Beechey, 2003).  This approach also avoids repeated freeze-thawing of samples that may be deleterious to the efficient isolation of DNA from gram negative microbes.

PCR amplification of bacterial 16S rRNA genes and Illumina MiSeq sequencing
Purified genomic DNA extracted from mucosal scrapings was used as template for PCR amplification of the hypervariable V4-region of bacterial 16S rRNA genes using custom primers designed by Caporaso et al. (2012), which comprised the universal forward and reverse bacterial primers 515f and 806r, and the required Illumina flowcell adaptor sequences (Caporaso et al., 2012).  The reverse primer also contained a unique 12 base Golay barcode to allow multiplexing of numerous samples (Caporaso et al., 2012).  To reduce PCR-associated bias and to increase DNA yield, the products of several amplification reactions for each sample were pooled.  Each reaction mix contained 0.5 U of Q5 Hot Start High-Fidelity DNA Polymerase (New England Biolabs, Suffolk, UK), 1.25 μl of each primer (10 μM), 0.5 μl dNTPs (10 mM), 5 μl of 5X Q5 Reaction Buffer (New England Biolabs) and 20 ng genomic DNA in a final volume of 25 μl.  PCR amplification was carried out using the following parameters: initial denaturation at 98°C for 30 s, 26 or 18 cycles (small and large intestine respectively) of denaturation at 98°C for 10 s, annealing at 55°C for 20 s and elongation at 72°C for 15 s, followed by a final elongation step at 72°C for 2 min.  Samples were then combined with 5 μl loading buffer and subjected to electrophoresis at 100 V in 1 x TAE buffer.  Amplified product of the target length was visualised, excised and purified using the QIAquick Gel Extraction kit according to manufacturer’s protocol (Qiagen).  No-template controls were also generated for all samples.  Samples were then quantified in duplicate using the Quant-it PicoGreen dsDNA kit (Life Technologies Ltd).  Quantified samples were finally combined in equimolar amounts and sequenced on the Illumina MiSeq sequencing platform at the Centre for Genomic Research (CGR) next-generation sequencing facility at the University of Liverpool, UK.

Read filtering and paired-end assembly
Raw sequencing reads underwent a strict filtering pipeline to remove low-quality reads.  A standard read-filtering pipeline on all sequenced datasets was employed.  This comprises: i) the removal of Illumina adaptor sequences using CutAdapt (version 1.2.1) (Martin, 2011); ii) the trimming of low-quality bases using Sickle (https://github.com/najoshi/sickle) (version 1.2), utilising a sliding window of a defined size to remove read segments which do not have a minimum phred quality value of 20, and iii) the removal of any trimmed reads below 10 bp in length.  High-quality paired-end reads were then assembled into overlapping sequences using the assembly software FLASH (Magoc and Salzberg, 2011) based on the following parameters: minimum overlap: 25, maximum overlap: 250, maximum ratio between number of mismatches and overlap length: 0.25.  Only assembled sequences above 200 bp in length were retained.  Assembled sequences were then filtered for any contaminating phiX sequence that may have been carried over from the sequencing process using BMtagger (Rotmistrovsky and Agarwala, 2011) and the NCBI reference sequence for Enterobacteria phage phiX174 (NCBI accession NC001422).

Microbial profiling analysis
Unless otherwise stated, all analysis described in this section was carried out using the software package Quantitative Insights into Microbial Ecology (QIIME v1.8.0) (Caporaso et al., 2010a).  Following quality filtering and assembly, a total of 43,252,569 reads were generated for 105 samples, with an average (± SD) of 411,929 ± 109,438 reads per sample.  Sequences were clustered into operational taxonomic units (OTUs) at 97% similarity using the USEARCH algorithm (Edgar, 2010) with a minimum cluster size of 10.  Chimeric sequences were filtered using both de-novo (UCHIME) (Edgar et al., 2011) and reference based approaches.  The most abundant sequence was selected from each OTU cluster and assigned taxonomic classification using the Ribosomal Database Project (RDP) (Cole et al., 2009) classifier tool with the most recent release of the Greengenes database (13.8) (DeSantis et al., 2006), using a confidence cut-off of 0.8.  PyNAST (Caporaso et al., 2010b) was then utilised to generate alignments for all representative sequences, which were subsequently filtered and used to generate a phylogeny using the FastTree approach (Price et al., 2009).  Microbial richness and diversity (alpha diversity) was calculated using the Chao1 non-parametric richness estimator (Chao, 1984) and Shannon diversity index (Shannon and Weaver, 1971) metrics using a rarefaction depth of 179,000 reads.  To determine the degree of similarity between samples (beta-diversity), both weighted and unweighted Unifrac distance matrices were calculated for all pair-wise sample comparisons, and used to generate principal co-ordinates analyses (PCoA) plots and Unweighted Pair Group Method with Arithmetic mean (UPGMA) dendrograms.

Statistical analysis
To test for differences in microbial diversity/richness between intestinal locations and different diets, non-parametric two-sample t tests were used with Monte Carlo permutations to calculate the p-value (999 permutations).  The significance and strength of a range of sample groupings (i.e. diet, intestinal region, individual) was determined by comparing beta-diversity matrices of weighted Unifrac and unweighted Unifrac distances using a range of non-parametric tests including ADONIS and ANOSIM (Anderson et al., 2006).  The ADONIS test also revealed the amount of sample variance (effect size) attributable to each grouping category.  Differentially abundant OTUs were identified using the statistical software Metastats (White et al., 2009), which applies non-parametric t tests using 1000 permutations and generates a false discovery rate (FDR)-corrected p-value (q-value) which corrects for multiple comparisons (Benjamini and Hochberg, 1995).  Features were considered significant if both P values and q values were less than 0.05.  Prior to differential abundance testing data was rarefied and all OTUs and taxonomic groups below 0.05% relative abundance were removed.
Plots were generated using the software packages R, version 3.1.1 (Grimonprez et al., 2014), QIIME (versions 1.8 and 1.9) (Caporaso et al., 2010a) and Phyloseq (McMurdie and Holmes, 2013).

Quantitative real-time PCR analysis of microbial abundance
Quantification of 16S rRNA gene copy number in DNA extracted from pig mucosal scrapings was determined by qPCR using a Rotorgene 3000 (Qiagen) and SYBR Green JumpStart Taq ReadyMix for qPCR (Sigma Aldrich Co. Ltd).  Total 16S rRNA gene copy number was determined in each sample, as a measurement of total bacterial numbers (Barman et al., 2008), by amplification of bacterial DNA with universal 16S rRNA gene primers, in comparison to standard curves constructed from a reference plasmid containing the 16S rRNA gene from Lactobacillus amylovorus (Daly et al., 2015). PCR cycling was performed as follows: initial denaturation at 95oC for 2 min followed by 40 cycles of 95oC for 13 s, 63oC for 15 s, 72oC for 30 s. Assays were performed in triplicate and 16S rRNA gene copy number was calculated using RG-3000 quantification software.
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Figure legends
Fig. 1.  Characterisation of the pig mucosa-associated microbiota.  (A) Relative contributions (expressed as mean % of total sequence reads) of dominant phyla to the mucosa-associated microbiota along the length of the gastrointestinal tract; (B) Line plot showing changes in relative abundance of dominant phyla along the length of the gastrointestinal tract; (C) Relative abundance of dominant mucosa-associated bacterial families along the length of the gastrointestinal tract.  D: duodenum; J: jejunum; I: ileum; C: caecum; PC: proximal colon; DC: distal colon.
Fig. 2.  Relative abundance (expressed as % of total sequence reads) of major mucosa-associated bacterial OTUs along the length of the gastrointestinal tract.  Values are median ±interquartile range.  D: duodenum; J: jejunum; I: ileum; C: caecum; PC: proximal colon; DC: distal colon.
Fig. 3.  (A) Principal co-ordinates analysis of weighted UniFrac distances for pig mucosa-associated microbiota calculated and plotted according to small and large intestine; (B) Principal co-ordinates analysis of weighted UniFrac distances calculated and plotted for pig caecal mucosa- and lumenal-associated microbiota.
Fig. 4.  Quantitative real-time PCR determination of total 16S rRNA gene copy number in mucosal scrapings along the length of the gastrointestinal tract.  Values are median ±interquartile range.  Plots that share letters are not significantly different.  D: duodenum; J: jejunum; I: ileum; C: caecum; PC: proximal colon; DC: distal colon.
Fig. 5.  Changes in relative abundance (expressed as mean % of total sequence reads) of major bacterial families between the caecal mucosa and caecal lumen.
Fig. 6.  Differences in relative abundance (expressed as % of total sequence reads) of major bacterial OTUs between the caecal mucosa and lumen. Values are median ±interquartile range.  **P < 0.01; *P < 0.05.  CM: caecal mucosa; CL: caecal lumen.
Fig. 7.  Effect of dietary supplementation with SUCRAM on mucosa-associated microbiota along the length of the gastrointestinal tract.  Relative abundance expressed as mean % of total sequence reads.  BD: basal diet; BD+S: basal diet + 0.015% (w/w) SUCRAM.
Fig. 8.  Effect of SUCRAM on major mucosa-associated bacterial OTUs along the length of the gastrointestinal tract.  Relative abundance expressed as % of total sequence reads.  Values are median ±interquartile range.  D: duodenum; J: jejunum; I: ileum; C: caecum; PC: proximal colon; DC: distal colon.
Fig. 9.  Calculated 16S rRNA gene copy number for mucosa-associated Campylobacter coli-OTU3063 in duodenum and jejunum in response to dietary supplementation with SUCRAM.  Values are median ±interquartile range.  ***P < 0.001.
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